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Abstract
Harvesting of microalgae is essentially the most energy intensive process in commercial algal culture ventures. Developing innovative, cost effective harvesting systems is of paramount need for commercial algal culture ventures. The study thus aimed at investigating the use of eco-friendly Solar Powered Electroflocculation (SPEF) coupled with battery for harvesting marine microalgae using aluminium electrodes. Optimization of various operating parameters like  initial algal density, time of operation (5, 10, 15 and 30 min), (initial biomass concentration 0.1, 0.5 and 1.0 gL-1) and electrode distance (35, 55, 75 and 95 cms) were done using direct current (D.C). Best flocculation efficiency (91.31 ± 2.91 %) was obtained using a current density of 37.2 Acm-2, a voltage of 24 V for 15 min at an electrode distance of 95 cm and pH 8.0. The quality of the harvested biomass was ascertained in-terms of biochemical components using Fourier Transform Infrared spectroscopy, total lipid and pigment profile. Due to the low resistance of seawater the energy required for electroflocculation was as low as 0.223 kWh/ton. The energy requirement for the electroflocculation system with or without solar power was also predicted. The results revealed SPEF can be developed as a potential alternative marine microalgal harvesting system for  nutraceutical coupled biodiesel production. 
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1. INTRODUCTION
Microalgae have the inherent ability to convert sunlight into chemical energy.  Algal biomass thus obtained finds multitude of use as food, feedstock, and as a substrate for biofuel production (Mata, Martins, & Caetano, 2010). Marine microalgae have also attracted the biotechnology industry as a potential source of nutraceuticals, pharmaceuticals and colorants (Wang, Li, Wu, & Lan, 2008). The penetration of microalgae into animal feed industry and nutraceutical industry are valued at $31.3 billion and 198.7 billion respectively as of 2016 (Elder, 2017); (Pandal, 2017). Major part of the nutraceutical market is contributed primarily by the carotenoid products (Williams & Nestle, 2017). Despite their fast growth, low nutritional and environmental requirements large scale commercial algal ventures have not taken up as fast as expected due to  the high downstream cost which amounts to 20-30% of the production cost ((Uduman, Qi, Danquah, Forde, & Hoadley, 2010). The prime factors contributing to this high production cost are microscopic size of algae (2-10 µm) and low biomass concentration (0.5 to 2.5 gL-1) which has eventually made algal dewatering a highly energy consuming process (Grima, Belarbi, Fernández, Medina, & Chisti, 2003)). Conventionally, algal dewatering combines filtration or floatation with a final centrifugation step which makes the algal harvesting a highly energy intensive process (Uduman, Bourniquel, Danquah, & Hoadley, 2011). Commonly used microalgal harvesting methods include centrifugation,  chemical flocculation using metal salts or polyelectrolytes ((Gerde, Yao, Lio, Wen, & Wang, 2014); (Granados, Acién, Gomez, Fernández-Sevilla, & Grima, 2012) (Papazi, Makridis, & Divanach, 2010), pH induced flocculation (Vandamme, Foubert, Fraeye, Meesschaert, & Muylaert, 2012); (Wu et al., 2012); (Zheng et al., 2012) and bioflocculation using bacteria or filamentous fungi for biomass harvest ((Zhou et al., 2013). Chemical flocculation using metal salts or polyelectrolytes (Gerde et al., 2014); (Granados et al., 2012) are prevalently used for harvesting marine microalgae. The flocculants used for microalgal harvesting can have detrimental effect on the microalgal biomass and culture water ((Milledge & Heaven, 2013). Innovative dewatering process aimed at improving the energy efficieny and cost reduction is thus the current need of commercial marine microalgalculture ventures. The challenges in microalgal harvesting are low biomass concentration (0.1 to 1%), diverse morphological and physiological characteristics of microalgae (e.g. size, shape, cell wall thickness, mobility and surface properties (Brennan & Owende, 2010) .
     Electro-coagulation or electroflocculation has recently emerged as an alternative energy efficient dewatering technique for marine microalgae and offers several advantages in comparison to other dewatering techniques ((Vandamme et al., 2011). The flocs in  electroflocculation is produced by the release of metal ions from a sacrificial anode  (Vandamme et al., 2011). In comparison to other harvesting methods electroflocculation has several benefits like higher flocculation efficiency, low energy input, and environmentally safe technique with no direct addition of harmful chemicals especially for marine microalgae due to high conductivity of seawater ((Uduman et al., 2011). Nevertheless, this technique suffers from the necessity to replace the sacrificial anode frequently and possible contamination of the biomass with electrode ions ((Uduman et al., 2011).  The effectiveness of electroflocculation for microalgal biomass recovery is determined by several factors for instance electrodes (material, design, separation distance), operation time, temperature pH, conductivity of the microalgal suspension and microalgal size (Gao et al., 2010). Aluminium electrode is considered as better electrode when compared to iron ore for microalgal biomass recovery ((Vandamme et al., 2012). Hence aluminium electrodes were used for electroflocculation of marine Chlorella vulgaris (NIOT-74) in this study.  
    The main focus of this study was to evaluate the recovery efficiency of marine microalga Chlorella vulgaris (NIOT-74) using electroflocculation. Adequate attention was also given during the study to understand the  underlying operation parameters like current applied time, electrode distance and algae concentration on the recovering efficiency. Since the algal biomass is aimed at the production of biodiesel coupled with high value pigment lutein the quality of harvested algal biomass is also of great significance. Therefore, quality of recovered algal biomass was evaluated with respect to their pigment profile (quantity and quality of chlorophyll-a, lutein and carotenoids) and lipid (quantity and quality of fatty acid profile). The study further went on to compare the energy requirement for online centrifuge vs electroflocculation. This comparison will highlight the significance of elctroflocculation in terms of energy demand and production cost for dewatering  marine microalgae for high value pigment coupled biofuel production. This study stands out in using larger microalgal harvesting systems (1 ton) for optimization experiments so the results obtained in this study can be easily scaled up to meet commercial scale requirements.

2. MATERIALS AND METHODS
2.1. Microalgal strain and growth conditions
Marine microalga Chlorella vulgaris (NIOT-74; NCBI accession number-JF894249) was used for all the electroflocculation experiments in this study. The marine microalga C.vulgaris ( NIOT-74) was grown in f/2 medium ade in filtered (0.22 µm pore size filter, Millipore, Germany) autoclaved (121 ᵒC, 15 min) natural seawater obtained from the coastal area of Kovalam, Chennai, India. The culture was grown at 25 ± 1ᵒC,light intensity of 120 µmol photon s-1m-2 (supplied by cool-white fluorescence tubes) and a 16:8 h dark:light photoperiod for 7 days.  Then the culture was scaled up in 3L Haufkins flask with 2 litre working volume and subsequently in 10 litre carboys with a working volume of 7 litres prior to its transfer to outdoor solar powered raceways (Figure 1). The outdoor marine microalgae cultivation was carried out in the outdoor marine microalgal culture facility of NIOT, Chennai, India. The three FRP raceway systems used for the experiments were of 2.5 ton capacity (4.15 m length, 1.0 m width and 0.6 m depth) and a working volume of 2.0 ton capacity. The mixing and circulation of the culture medium was accomplished by a paddle wheel powered by a solar panel [1.5 KW solar panel, 3 numbers of 24 V rated DC motors, eight numbers of 150 AH tubular batteries} (Figure 1). Additionally, a programmable ON/OFF control system was configured to the DC motors in both manual and automated modes to save the power (Figure 1A).  The raceways were inoculated with 10% of algal suspension (v/v) with an initial biomass concentration of 0.2 g/l  from indoor cultures. Mass culture was done for 11 days under phototrophic conditions.  

2.2. Electroflocculation experiments
Experiments for harvesting the cultured marine C. vulgaris (NIOT-74) using electroflocculation was done using a three phase direct current (DC) power supply system developed (Figure 2) and patented by our Institute, National Institute of Ocean Technology (German Patent N0. DE 20 2015 104 046 U1 2015.12.17). The electroflocculation system was set in 1000 litre FRP tanks  at a distance of 90 to 95 cms depending on experimental requirements (Figures 3 A & B). The input voltage for the electroflocculation system was 230 V,  AC, 50 Hz and output voltage  was120 V in 2 ranges, RANGE 1: 30 V DC (15 V to 30 V DC), RANGE 2: 120 V DC (30 V to 120 V DC). The DC current (24 V and 52 A) from DC regulated power supply was passed through the system for the time required for the experiment.  The flocculated algae were allowed to settle for 30 min. The following factors that could influence the recovery efficiency were evaluated:
1. The run time of electrodes: the operation time of electrodes were separated for 5, 10, 15 and 30 min.
2. The algal concentration: initial biomass concentration 0.1, 0.5 and 1.0 g/l
3. Electrode separation distance: The separation distance between the electrodes were varied between 95, 75, 55 and 35 cms.
To determine the recovery efficiency algal samples of 100 ml were collected 30 min after stopping of electroflocculation at 15 cm depth from the aggregated biomass where the supernatant was very homogenous, without disturbing the aggregated flocs. The cell concentration before and after electroflocculation were quantified through cell count, O.D. (Optical density) and biomass to determine the efficiency of flocculation. The algal culture used for elctroflocculation had a pH of 7.56 and temperature of 31.7 ᵒC. All the tests were done in quadruplicates.  The effectiveness of flocculation was determined by the recovery efficiency (RE) which is the ratio of recovered biomass to the total biomass, using the following equation ((Lee, Lewis, & Ashman, 2013).
  Eq.1
Where, No is the cell concentration of the culture prior to electroflocculation and NT is the cell concentration of clarified suspension after electro flocculation for the prescribed time.
2.3. Analytical methods
2.3.1. Microalgal biomass characterization
The biomass culture concentration as well as growth was monitored turbidometrically by measuring the optical density (O.D) at 540 nm using a spectrophotometer (Unicam UV 300, USA). The OD values were converted to biomass concentration using appropriate calibration curves. The biomass dry cell weight  (DCW) was determined by following the method of Zhu & Lee, (1997) and the cell count was carried out using a haemocytometer.. 
After electroflocculation the flocculated biomass was collected, separated from the supernatant and freeze dried (Virtis, USA, -52 ◦ C). The biomass was characterized with respect to its pigment (lutein, chlorophyll a and total carotenoids), total lipid and fatty acids and aluminium content.   .
2.3.2. Extraction and quantification of pigments
Chlorophyll
Freeze dried (-52 ˚C, Virtis, USA) algal biomass (10 mg in triplicates) was extracted under dim light conditions to prevent photooxidation of pigments ((Kowalewska & Szymczak, 2001) with 10 ml of cold 90 % v/v acetone overnight at 4 ˚C. The extract was then vortexed and centrifuged at 3000 rpm for 10 min in centrifuge tubes. The supernatant was removed and rotary evaporated (Buchi, Switzerland) and reconstituted in 2 ml HPLC grade methanol and stored at -20 ˚C until quantification using HPLC.
Total carotenoids
Freeze dried (-52 ˚C, Virtis, USA) algal biomass (10  mg in triplicates) was homogenized with liquid nitrogen in a pestle and mortar under dim light and repeatedly extracted with a solvent mixture consisting ethanol: n-hexane: water at a ratio of 1: 6: 2. The extract was centrifuged at 3000 rpm for 10 min and upper organic layer was carefully removed and concentrated in a rotary evaporator (Buchi, Switzerland) and reconstituted in 2 ml HPLC grade methanol and stored in -20˚C prior to quantification using HPLC.
Lutein   
 For lutein extraction 10 mg (in triplicates) of freeze dried algal biomass (-52 ºC, Virtis, USA) was ground in a pestle and mortar  with liquid nitrogen using 1 ml of  aqueous 10 M KOH containing 2.5% ascorbic acid and the suspension was heated at 60 ºC for 15 min for saponification (Shi, Chen, Yuan, & Chen, 1997). The reaction was stopped by placing in ice and extracted with 9 mL of  solvent mixture (Methanol: Dichloromethane; 3:1). The extract was then centrifuged at 3000 rpm for 10 min and the supernatant was concentrated in a rotary evaporator (Buchi, Switzerland) and reconstituted in 2 ml HPLC mobile phase and stored in   -20˚C prior to quantification using HPLC.
HPLC Apparatus
HPLC (High Performance Liquid Chromatography) system used was a Shimadzu (Japan) liquid chromatography system  (LC 2010) equipped with a quaternary pump (LC 2010), auto sampler (LC2010 CHT) and programmable UV-Vis detector. The reversed phase column was a phenomenex Luna C-18 column (4.6 x 250 mm, 5 µm particle size) protected by a guard column (Phenomenex, C-18, 5 µm particle size). A ternary solvent system (Solvent A: 80:20 Methanol: 0.5M ammonium acetate (aqueous, pH 7.2 v/v); Solvent B: 90:10 acetonitrile: water (v/v); Solvent C: Ethyl acetate  (Wright et al., 1991); Table 1) was used as mobile phase for carotenoid and chlorophyll determination. The isocratic mobile phase for lutein consisted of methanol-dichloromethane-acetonitrile-distilled water (67.5:22.5: 9.5:0.5, v/v; Shi, Chen, Yuan & Chen, 1997). The flow rate was maintained at 1 ml/ min for all pigment quantifications. All solvents were of HPLC grade (Merck, Germany) filtered (0.22 µM) and degassed prior to use. .The samples and standard were filtered through a 0.22 µM PTFE syringe filter (acrodisc, Pal Gelman, Germany) prior to injection.The column was retained in room temperature (22-25 ˚C) using a column oven. The wavelength for detection was 436 nm for chlorophylls and 450 nm for all carotenoids. Chlorophyll a and b, neoxanthin, fucoxanthin, violaxanthin, peridinin, diadinoxanthin, cryptoxanthin standards were obtained from DHI water quality Institute (Horsholm, Denmark). Lutein, astaxanthin, zeaxanthin, alpha and beta carotene standards were obtained from Sigma (Sigma, USA). Data were acquired three dimensionally (absorbance-time-wavelength) using LC solutions software. The peak identification of chlorophylls and carotenoids were confirmed by comparison of their retention times and characteristic spectra with authentic standard.. They were quantified from their peak areas in relation to their respective reference standards.
2.3.3. Extraction and estimation of total lipid content
Lipid was extracted from lyophilized (100 mg) C. vulgaris (NIOT-74)  biomass before and after electroflocculation at different electrode distance using  a solvent based method modified from (Folch, Lees, & Stanley, 1957). The total lipid was quantified gravimetrically. Each treatment was done in triplicate.
Fatty acid (FAME) profile
The fatty acid profile of the biomass not subjected to flocculation (control) and flocculated using elctroflocculation at different electrode distance were determined in triplicates. The lipid samples were transesterified to methyl esters by adopting the method of (Metcalfe & Schmitz, 1961). In this method the lipid sample was placed in a 20 ml Teflon capped glass vial and 2 ml of Boron trifluoride (BF3) methanol was added.  This mixture was then heated in a water bath at 70 ◦C for 20 min. The derivatized mixture was subsequently extracted in a separating funnel with 15 ml hexane and 20 ml distilled water. The organic phase and aqueous phases were separated. The organic phase containing the fatty acid methyl esters (FAME) was filtered and solvent was rotary evaporated. The FAME was reconstituted in 1000 µl ethyl acetate under nitrogen atmosphere and stored in Teflon capped GC vials at -20 ◦C/until analysis. The fatty acids were characterized using GC-MS (Gas chromatography Mass spectrometry) based detection. Analyses were done using Agilent Gas chromatograph (GC 7980) equipped with split/splitless injector and coupled with a mass detector. Both systems were controlled by MSD ChemStation, version E.02.02.1431 (Agilent Technologies, Inc.). An Agilent GC capillary column, type HP-5MS (30 m, 0.25 mm i.d., 0.25 μm film thickness) was used to separate the FAMEs. Samples were filtered (0.22 µm PTFE syringe filters, 25 mm dia, Pal Gelman, Germany) prior to injection into GC-MS.  The following temperature programme was used: injector was maintained at 260° C (split ratio 50:1); initial column oven temperature was maintained at 80° C for 5 minutes and subsequently increased to 240° C at a rate of 3° C/min and then held for 20 minutes. Helium was used as a carrier gas. The flow rate was maintained at 1 ml/min and the injection volume was 1 µL. Detection temperature was set at 260° C. Data were collected in full scan mode from m/z 50 to m/z 1000.. Fatty acid profiles of C. vulgaris (NIOT-74) biomass before and after electroflocculation  was construed by comparison with a 37 FAME mix standard (37 FAME mix, C4-C24; Supelco, USA). Fatty acids were identified by comparing their retention time and area with fatty acid methyl standards and quantified using standardized area method. The fatty acid contents were expressed as weight percentages, % w/w (mg FA/100 mg of sample).

2.3.4. Fourier transform infrared (FT-IR) spectroscopy

FT-IR spectroscopy was done from 25 mg of lyophilized biomass (in triplicates) before and after elctroflocculation. FT-IR spectra were collected using a Shimadzu IR affinity 1 model FT-IR spectrometer in the ATR (Attenuated Total Reflection) mode using Lab solutions FT-IR software. Spectra were collected over the wave number range 4000–600 cm-1. Each sample was analysed in triplicate. Spectra were baseline corrected using the automatic baseline correction algorithm.

2.3.5. Aluminium content of the recovered microalgal biomass 
Aluminium was used as sacrificial anode the presence of traces of aluminium in the recovered final biomass was evaluated following the spectrophotometric method of (Siriangkhawut, Tontrong, & Chantiratiku, 2013). The lyophilized microalgal biomass (1 g in triplicate) with and without electroflocculation was calcinated in a muffle furnace at 550 ºC for 20 h until ash was formed. These ashes were dissolved in 1 ml of concentrated nitric acid and transferred to a 25 mL volumetric flask. To each flask 1.5 mL of 0.4 mM Eriochrome cyanine R and 0.5 ml of  1 mM DTAB (N,N-dodecyltrimethylammoniumbromide and 5 ml of acetate buffer  was added and volume was made up to 25 ml with deionized water. The mixture was shaken well and the absorbance was read at 584 nm (Perkin Elmer, UV Lambda 35, USA). Standard curves were prepared with Aluminium standard for AAS (Sigma, USA) and the aluminium content in the microalgal  biomass with and without electroflocculation was determined.
2.3.6.  Statistical analysis
Statistical analyses were performed using SPSS version 19.0 software. The data were analyzed using one-way analysis of variance (ANOVA), followed by post-hoc test of Tukeys H.S.D (Honestly Significant Difference).

3. RESULTS AND DISCUSSION
The marine microalgal biomass is increasingly used as a viable alternative source for nutraceuticals and biofuel production hence, there is greater need for reducing the cost of dewatering  without compromising the biomass quality (Tredici, 2010). Towards this the quality of the algal biomass recovered from electroflocculation was characterized in this study to ensure its suitability for biofuel and lutein production.
3.1. Influence of electroflocculation operation parameters on recovery efficiency
Electroflocculation produced bubbles from the cathode which attached to the marine microalgae to form flocs and carried them to the surface as observed in Figures 2a to c (Uduman et al., 2011). The study also experimented the recovery efficiency of marine microalgae under different operational  conditions of electroflocculation. 

3.1.1. Effect of operation time of electrodes on recovery efficiency
Electroflocculation of C. vulgaris (NIOT-74)  with an initial biomass concentration of  0.5 gL-1 grown in raceways was done in 1ton FRP tanks using aluminium electrode at a current density of  38.5 Acm-2 and a electrode distance of 90 cms. The initial pH and temperature before electrofloculation were 7.87 ± 0.02 and 32 ± 0.33 ᵒC. Four different operation times 5, 10, 15 and 30 min was tested. Figure 3 shows the electroflocculaton recovery efficiency at different operation times. The results revealed that recovery efficiency increased with increase in operation time from 5 min (43.45 ± 2.19 %) to 15 min (87.81 ± 3.45 %) beyond which there was reduction in recovery efficiency (84.35 ± 2.23%) due to accumulation of too much froth and dead cells. The results showed that 15 min was sufficient to obtain recovery efficiency closer to 90%. These findings are in line with the observations of (Vandamme et al., 2011) for the removal of Phaeodactylum tricornatum and (Matos, Santos, Nobre, & Gouveia, 2013) for Nannochloropsis sp. Corroborating with the present findings Uduman et al., (2011)  have documented increase in recovery efficiency with increase in run time due to increase in metal dissolution. This metal dissolution  causes charge neutralization due to the formation aluminium hydroxide complexes resulting in the  less electronegative nature of  microalgae cells and formation flocs due to reduction in repulsive forces. Consequently,  hydrogen bubbles are produced in the cathode which attaches to these flocs and carries these flocs to the surface due to the increased buoyancy caused by bubbles (Figures 2a to c). Nevertheless, as run time increases there are fewer flocs to interact with these bubbles leading to lowered recovery efficiency as noticed in the present study and reported by Uduman et al., (2011) too for marine microalga Tetraselmis sp.. These underlying phenomenon thus substantiates the necessity to  optimize the optimal run time  for  obtaining  maximal recovery efficiency..
3.1.2. Effect of initial concentration of microalgae on the recovery efficiency
Initial algal densities vary according to culture conditions. Hence, the effect of initial algal concentration on the harvesting efficiency was also evaluated at the optimized operatiom time of 15 minutes. Figure 4 shows the recovery efficiency as a function of initial algal concentration. Notably, the recovery efficiency declined (87.78 to 76.79 %)  at high algal concentrations. Similar lowering of recovery efficiency with increased algal density has also been reported by (Gao et al., 2010). This lowering of recovery efficiency could be attributed to the lack of sufficient aluminium ions to facilitate flocculation at very high algal densities (Gao et al., 2010) .
3.1.3. Effect of  inter-electrode distance on the recovery efficiency
The inter-electrode distance and the area of the electrodes used for electroflocculation can impact the recovery of the microalgal biomass and the energy demand of the electroflocculation system (Matos et al., 2013). Figure 5 shows that at the same electrode operation time (15 min) the recovery efficiency of the electroflocculation increased with increase of the electrode area. This increase in recovery efficiency with increase in electrode distance might have been due the reduction in the aluminium ions available to disturb the biomass in the suspension (Gao et al., 2010). The results further revealed that even at the shortest electrode distance attempted there was certain amount of recovery efficiency. Maximum flocculation efficiency (91.31 ± 5.24%) was obtained at an electrode distance of 95 cm and the efficiency declined thereafter with decreasing distance. In concurrence with the present study (Matos et al., 2013) have also reported increase in recovery efficiency with increase in electrode distance in marine microalgae Nannochloropsis sp. 
3.2.Effect of electroflocculation on the quality of the flocculated biomass
It is inevitable to determine the quality of the electroflocculated biomass with respect to its lipid and pigment content prior to its usage in biofuel and nutraceutical production. The biomass obtained from the different electrode distance was lyophilized and used for the biomass characterization with respect to their lipids and pigments.
3.2.1.Effect of electroflocculation on the lipid percentage of the recovered biomass
In commercial microalgal culture ventures harvesting process should not impede with the lipid extraction process. To ascertain electroflocculation as a suitable harvesting method for biofuel production it is essential to evaluate the total lipid percentage and fatty acid profile of the electroflocculated algal biomass. The lipid content (as %) of the C. vulgaris biomass electroflocculated at different electrode distance were compared with the control (not subjected to electroflocculation) biomass. The lipid content of control biomass was 18.48 ± 0.92 % whereas  there was an insignificant reduction in the lipid content at the lowest electrode distance (35 cms) tested  (17.12 ± 1.13 %)  and increased gradually to 20.08 ±1.23 % at an electrode distance  of 95 cms (Figure 6). In concurrence with the present study (Fayad, Yehya, Audonnet, & Vial, 2017)  have also reported an insignificant reduction in lipid content in C. vulgaris harvested using electroflocculation. These results are of significance because microalgal lipids are highly unsaturated and prone to be oxidation under unfavourably high temperature, light and oxygen. Since there was no significant impact (p > 0.05) of electroflocculation on the lipid content it can be inferred that electroflocculation can find its application in commercial biodiesel production from marine microalgae.
3.2.2. Effect of electroflocculation on the FAME profile of the recovered biomass
A systemic evaluation of the FAME composition is crucial for utilizing the algal biomass for biodiesel production. The FAME profile is depicted in Table 2. The main fatty acids present in the microalgal biomass analyzed were C16:0 (Palmitic-hexadecanoic); C16:1 (Palmitoleic acid-hexadecanoic acid); Oleic (Octadecenoic acid- C18:1) and lower concentration of C18:2 (Linoleic –octadecadienoic acid); C18:3 (Linolenic –octadecatrienoic acid); C20:5 (Eicosapentaenoic acid) and C22:6 (Docosahexaenoic acid). The percentage of C16:0 and C16: 1 in the control biomass was 39.30% and 23.48% respectively whereas in the elecroflocculated biomass C16:0 ranged from 39.58 to 39.31% and C16:1 ranged from 23.86 to 21.29 %. With regard to C18:1 the percentage was 15.50% and in the electroflocculated biomass it ranged from 15.50 to 16.27%. Overall the electroflocculated biomass had a slightly lower monounsaturated fatty acid (39.39 to 39.21%) percentage than the control biomass (40.29%). (Schenk et al., 2008) have recommended a fatty acid ratio of 5:4:1 of C16:1; C18:1 and C14:0 for obtaining good quality biodiesel. This ratio observed in the control biomass was 5.23: 3.45 :1.2 and in the electroflocculated biomass it ranged from  5.07-5.24: 3.47-3.70:1.2. The FAME composition of the electroflocculated biomass at different electrode distance was very close to the recommended ratio and had an adequate profile for biodiesel production. Since, nothing but salts is added during electroflocculation it did not interfere with the organic solvent extraction of lipids (Fayad et al., 2017). Hence, electroflocculation can be used for commercial scale biodiesel production from microalgae. In accordance with the present study (Matos et al., 2013) have also reported insignificant difference in fatty acid profile between the biomass subjected to electroflocculation and the control (without electroflocculation). Hence, it is plausible to use the algal biomass harvested by electroflocculation at the commercial scale for biodiesel production.

3.2.3. Effect of electroflocculation on the pigment of the recovered biomass
The influence of electroflocculation on different categories of microalgal pigments (Chlorophyll, total carotenoids and lutein) were also analysed. As noticed in Supplementary Figure 1 the chlorophyll content (mg/g) in the control group was 14.85 ± 0.92 mg/g.. There was insignificant reduction in chlorophyll content at electrode distances 35 to 75 cms. Nevertheless, there was no significant difference in the chlorophyll pigment content at electrode distance 95 cms (Supplementary Figure 1).  Similar trend was observed in total carotenoids and lutein content. These insignificant reduction in microalgal pigments in electroflocculated biomass could be explained by the oxidation of the pigments and subsequent conversion to corresponding esters (Matos et al., 2013). In, concurrence with the present study Matos et al., (2013) and Landels et al., (2019) have also reported insignificant reduction in algal pigments in the electroflocculated biomass. This finding is significant as it ensures use of electroflocculation which is less energy intensive for harvesting algal biomass targeted for high value pigment production.
3.2.4. FT-IR analysis of changes in the biochemical composition of the electroflocculated biomass 
The nature of the functional groups of the C. vulgaris biomass and the changes witnessed accompanying the electroflocculation were visualized with the aid of FT-IR spectral analysis.. This study was undertaken with the biomass subjected to electroflocculation at different electrode distance and the data is depicted in  Supplementary Figure 2. Accordingly, a lipid peak indicative of the presence of methylene groups (Laurens & Wolfrum, 2011) were seen at  2926 cm-1 in the pre-flocculated biomass against 2927.94 cm-1 to 2926.01 cm-1  in the elctroflocculated biomass. Corroborating with the lipid content and fatty acid profile of the elctroflocculated biomass a probe into the functional groups also ascertained the close proximity of the electroflocculated  biomass to the pre-flocculated biomass and its suitability for biodiesel  production as was reported by  Matos et al., (2013).
Additionally, the algal carbohydrates have documented a very crucial in algal biofuel production and encompass a complex group of long, branched polysaccharides and large reserves of carbohydrates like starch and glycogen (Gonzalez-Fernandez & Ballesteros, 2012). The  FT-IR  spectral data  revealed the characteristic peak of carbohydrate content at 1050 cm-1  for the preflocculated  biomass (Wagner, Liu, Langner, Stehfest, & Wilhelm, 2010).  The corresponding  peaks for the electroflocculated biomass  ranged  from 1072.42 to 1080. 14 cm-1 (Supplementary Figure 2). The FT-IR spectral analysis of the C. vulgaris biomass before and after electrofloccukation further substantiated its suitability for use in biofuel production. 

3.3. Scanning electron microscopic characterization of the algal flocs
	
The algal flocs obtained from different electrode distance (95, 75, 55 and 35 cms) were characterized with Scanning Electron Microscopy (SEM). The surface morphology of the greenish algal flocs that floated at the surface after electroflocculation is shown in Suplementary Figure 3. .It was noticed that the algal flocs obtained from different electrode distances was mainly composed of algae cells which were flocculated together by some agglutinant. Gao et al., (2010) have demonstrated the composition of agglutinants formed during elctroflocculation with EDX analysis and confirmed the presence of 42.6  % carbon, oxygen (22.2 %), phosphor (6.9 %) and high content of aluminium. With the increase in electrode distance there was decrease in the agglutinant as observed in  Supplementary Figure 3.

 3.4. Aluminium content
The aluminium content of the biomass  from electroflocculation done at different electrode distance (95, 75, 55 and 35 cms) were 0.52%,, 0.71%, 0.86% and 0.93% respectively. The results revealed a decrement in aluminium content with decrease in interelectrode distance. Notably, the aluminium content noticed in electroflocculated algal biomass was  lower than (1.5% )  that reported by (Vandamme et al., 2011).  Since, C. vulgaris biomass recovered by electroflocculation had very low aluminium content its quality was suitable for biodiesel and high value pigment production. Our findings were authenticated by Matos et al., (2013) who have reported a aluminium content of 0.56 to 1.38% during electroflocculation. These results further reiterate the suitability of  electroflocculation as an efficient harvesting method for the production of  biodiesel and  pigments.  

3.5. Electrical Energy Consumption and solar powered electroflocculation
The electrical energy consumption (EEC) in Kwh/m3 was determined for harvesting of marine C. vulgaris (NIOT-74) done in 1 ton FRP tank for 15 min operation time  with the electrode size (10 cm x 0.5 cm x 120 cm) and electrode distance of 95 cms  and initial algal density of 1 gL-1 .  The EEC obtained for the present study was 0.223 Kwh/m3. To carry out the electroflocculation operation DC (Direct Current) power is essential. The DC power is sourced from AC to DC converter system (Rectifier). Power loss in these rectifiers is considerable to curb these power losses direct DC source solar panel (1.5 KW rated) was connected to AC to DC converter system to utilize free solar power. This further reduced the EEC of solar powered electroflocculation and made it more economical for commercial marine microalgal commercial ventures. .Interestingly, the EEC value required for complete harvesting of marine C. vulgaris obtained in this study was lower than the values reported in literature for electrochemical microalgal recovery by many researchers (1.3 kwh/m3 by (Vandamme et al., 2011); 1 Kwh/m3 by (Fayad et al., 2017). 
    The EEC of electroflocculation was also compared with continuous flow centrifugation  (Westfalia, Germany) for harvesting C. vulgaris (NIOT-74). With C. vulgaris  (NIOT-74)  used in this study it took 3 hours and numerous centrifugation cycles for harvesting 1 ton culture medium and the EEC was 7Kwh/m3. The EEC of the electroflocculation process was around 0.223 kWh/ m3.  The time taken for electroflocculation is 15 min against 3 hours required for electtroflocculation. In line with the present findings Ramos, Sousa, da Silva, Falcão, & Cunha, 2017),  have also reported lower harvesting time (15 min) for electroflocculation of  Phaeodactylum cornatum than centrifugation (3 hours). Lower biomass yield and longer operation time makes centrifugation less cost effective and higher energy consuming method. Table 3.compares EEC in this study to EEC obtained in other microalgae harvesting techniques. This further substantiates the lower EEC and cost effectiveness of electroflocculation for harvesting marine microalgae. The moisture content of electroflocculated biomass ranged from 70-75%. To achieve the final desired moisture content of < 10 % the biomass can be centrifuged. Nevertheless, electroflocculation reduces the water volume to be processed in the second stage dewatering to 20 to 25 %. Due to energy effectiveness electroflocculation can be used as primary dewatering process for marine microalgae thereby reducing the energy and time required in the secondary process of centrifugation (Marrone et al., 2018).
4.CONCLUSION AND PERSPECTIVE
In this study electroflocculation  was used  for mass scale (1 ton) harvesting of  marine  microalga Chlorella vulgaris (NIOT-74). Marine microalgal recovery was studied as a function of electrode operation time, initial concentration of the algae and inter-electrode using aluminium electrodes. Further the study also evaluated the recovered biomass in-terms of its lipid and pigment content. The experimental data showed that electroflocculation did not significantly affect lipid and pigment content of the recovered microalgal biomass at the optimized condition of  95 cms of inter electrode distance, operation time of 15 min and .intial pH of 8.0 ± 0.20. Additionally, the study showed that a reduction of cost could be achieved by connecting the D.C power system to a solar panel. The high conductivity of seawater further reduced the power requirement and enabled to reduce the energy requirement. Best flocculation efficiency (91.31 ± 2.91 %) was obtained using a current density of  37.2 Acm-2, voltage of 24 V for 15 min. Future work aims at the development of non-sacrificial anode for electroflocculation of marine microalgae Chlorella vulgaris (NIOT-74)..Most of the published research works on electroflocculation of marine microalgae are done in 1 or 2 L beakers. The real challenge lies in scaling up the technology to meet the demands of commercial operations. This work stands out from other works in being optimized with large algal culture volume (1 ton) so that the optimized operational parameters can be easily translated to meet the needs of commercial ventures.
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Figure 1. (A).  MarineChlorella  vulgaris (NIOT-74) cultured in raceway with solar powered aerator under outdoor conditions. (B). ON/OFF system for solar powered aerator.
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	A. Electroflocculation in 300 L tank (Intial)

	B. Electroflocculation in 300 L tank (Intial)
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	C.Electroflocculation  done in 1000 L FRP tank


Figure 2.Electroflocculation set-up while conducting the various electroflocculation experiments.










Figure 3. Recovery efficiency of algae as a function of electroflocculation operation time 
















Figure 4. Recovery efficiency of algae as a function of initial algal concentration


















Figure 5. Recovery efficiency of algae as a function of  electrode distance













Figure 6. Effect of electroflocculation operation time on the total lipid percentage 












Supplementary Figure 1.Effect of electroflocculation at different electrode distance on the pigment content.











Supplementary Figure.2.  FTIR spectrum of  C. vulgaris biomass harvested using electroflocculation at diftrode distance. A. before electroflocculation, B. EF1: electrode  distance 35 cm; EF2: electrode distance 55 cms; EF3 : electrode distance 95 cms; EF4 : electrode distance 95 cms
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	A. Control  (without electroflocculation
	B. EF1 : Electrode distance 35 cms
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	C. EF2: Electrode distance 55 cms
	D. EF3: Electrode distance 75 cms
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	E. EF4: Electrode distance 95 cms
	


Supplementary Figure 3. SEM analysis of algal flocs obtained from control (without electroflocculation) and  electroflocculated at different  electrode distance.
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Supplementary Figure 4.Continuous flow centrifuge for harvesting Chlorella  vulgaris (NIOT-74)  biomass.
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Table 1: HPLC gradient program for chlorophyll and carotenoid determination
	Time (min)
	Flow rate (ml min-1)
	% A
	% B
	% C
	Condition

	0
	1.0
	100
	0
	0
	Injection

	4
	1.0
	0
	100
	0
	Linear gradient

	18
	1.0
	0
	20
	80
	Linear gradient

	21
	1.0
	0
	100
	0
	Linear gradient

	24
	1.0
	100
	0
	0
	Linear gradient

	29
	1.0
	100
	0
	0
	Equilibration
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Table 2.Fatty acid methy ester (FAME) of C. vulgaris (NIOT-74) biomass before (control) and after electroflocculation at different electrode distance EF1 (35cms); EF2 (55 cms); EF3 (75 cms); EF4 (95 cms).
	Fatty acid 
	Fatty acid lipid number
	Control (%)
	EF1 (%)
	EF2(%)
	EF3 (%)
	EF4  (%)

	Myristic
	C14:0
	5.92
	5.82
	5.62
	5.48
	5.37

	Myristoleic acid
	C14:1
	0.70
	0.63
	0.67
	0.62
	0.65

	Palmitic Acid
	C16:0
	39.30
	39.58
	39.56
	39.73
	39.31

	Palmitoleic Acid
	C16:1
	23.48
	23.86
	23.29
	22.62
	22.29

	Heptadecanoic Acid
	C17:0
	0.67
	0.67
	0.65
	0.69
	0.65

	Oleic Acid
	C18:1
	15.50
	15.80
	15.43
	15.82
	16.27

	Linoleic Acid
	C18:2
	4.14
	4.14
	4.62
	4.86
	4.62

	Linolenic Acid
	C18:3
	1.75
	1.69
	1.62
	1.65
	1.69

	Arachidic Acid
	C20:4
	1.69
	1.67
	1.57
	1.67
	1.25

	Eicosapentaenoic acid
	C20:5
	3.19
	2.88
	2.82
	2.81
	3.28

	Docasahexaenoic acid
	C22:6
	3.01
	2.80
	2.79
	2.78
	3.38

	Saturated Fatty acid
	(SFA)
	45.89
	46.07
	45.83
	45.90
	45.33

	Monounsaturated fatty acids 
	(MUFA)
	40.29
	39.39
	39.39
	39.06
	39.21

	Polyunsaturated fatty acids (PUFA)
	(PUFA)
	13.78
	13.18
	13.42
	13.77
	14.22

	Total
	
	99.35
	99.54
	98.64
	98.73
	98.76







Table 3: Energy consumption of different microalgae harvesting system
	Harvesting technique
	Energy input Kwh/kg
	Reference

	Solar powered electroflocculation
	
	This work

	Electroflocculation 
	0.223
	This work

	Electroflocculation with non sacrificial electrode
	1.66
	Misra et al. 2014

	Vacuum filters
	1.20
	Grima et al.2003

	Online Centrifugation
	7
	This work

	Decanter centrifugation 
	8
	Knuckey et al. 2006




2.19	2.7	3.4499999999999997	2.23	2.19	2.7	3.4499999999999997	2.23	5	10	15	30	43.449999999999996	67.3	67.81	84.35	Time (min) 

Recovery efficiency (5)

1.37	4.2300000000000004	2.7	1.37	4.2300000000000004	2.7	0.1	0.5	1	67.3	87.78	76.790000000000006	Initial algal concentration (gL-1)

Recovery Efficiency (%)

1.5	1.78	5.03	2.19	1.5	1.78	5.03	2.19	EF1(35)	EF2(55)	EF3 (75)	EF4 (95 )	53.160000000000011	63.71	85.3	91.31	Electrode  distance (in cms)

REcovery Efficiency (%)

Before	
0.92	1.1200000000000001	0.89	1.02	0.92	1.1200000000000001	0.89	1.02	EF1 ( 35 cms)	EF2 (55 cms)	EF3 (75 cms)	EF4 (95 cms)	18.479999999999993	18.479999999999993	18.479999999999993	18.479999999999993	After	
1.54	1.54	EF1 ( 35 cms)	EF2 (55 cms)	EF3 (75 cms)	EF4 (95 cms)	17.12	17.479999999999993	18.04	20.079999999999991	
Total lipid  (%)
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